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Microbialites are organosedimentary structures that result from the trapping, binding, and lithification of
sediments by microbial mat communities. In this study we developed a model artificial microbialite system
derived from natural stromatolites, a type of microbialite, collected from Exuma Sound, Bahamas. We
demonstrated that the morphology of the artificial microbialite was consistent with that of the natural system
in that there was a multilayer community with a pronounced biofilm on the surface, a concentrated layer of
filamentous cyanobacteria in the top 5 mm, and a lithified layer of fused oolitic sand grains in the subsurface.
The fused grain layer was comprised predominantly of the calcium carbonate polymorph aragonite, which
corresponded to the composition of the Bahamian stromatolites. The microbial diversity of the artificial
microbialites and that of natural stromatolites were also compared using automated ribosomal intergenic
spacer analysis (ARISA) and 16S rRNA gene sequencing. The ARISA profiling indicated that the Shannon
indices of the two communities were comparable and that the overall diversity was not significantly lower in
the artificial microbialite model. Bacterial clone libraries generated from each of the three artificial microbialite layers and natural stromatolites indicated that the cyanobacterial and crust layers most closely
resembled the ecotypes detected in the natural stromatolites and were dominated by Proteobacteria and
Cyanobacteria. We propose that such model artificial microbialites can serve as experimental analogues for
natural stromatolites.
biologically induced lithification of the oolitic sand grains results in periodic deposition of calcium carbonate, primarily as
aragonite (98%) (49, 58). The calcium carbonate deposition
occurs in conjunction with boring of sand grains by endolithic
microbes (39, 44), resulting in cementation of the sand grains,
which ultimately form horizontal laminae throughout the microbialite subsurface (Fig. 1B) (49). A stromatolite at Highborne Cay grows by continual accretion of the biogenic EPS
layer and trapping and binding of new sand grains (45). The
microbial mat associated with stromatolite accretion is dominated by filamentous and coccoid cyanobacteria, which comprise a conspicuous phototrophic layer in the top 5 mm of the
community (Fig. 1B) (27, 49). These oxygenic phototrophs are
the dominant primary producers in the stromatolite ecosystem,
driving the fixation of carbon dioxide into organic substrates
(40, 41, 59).
Morphological and biogeochemical analyses of the Highborne Cay communities have revealed several other key microbial functional groups associated with the stromatolites,
including aerobic heterotrophs, sulfide-oxidizing bacteria, sulfate-reducing bacteria, and fermentative bacteria (56–58). Biochemical signatures of these metabolisms have been found in
close association with the cyanobacterial layer in stromatolites
(59). Together, these microbes generate distinctive light-driven
geochemical gradients that vary throughout the diel cycle (49).
All of the previous studies of the biocomplexity and biogeochemistry of microbial mats have relied on in situ measurements or on transferring mature communities to the laboratory
environment. Stochastic, in silico models have provided insight
into the role of microbial mat composition and environmental
conditions in stromatolite morphology and growth (19); however, these computer-based models have not been comple-

Microbialites are complex microbial mat ecosystems that
have a propensity for trapping, binding, and precipitating organosedimentary structures (11). Although there are numerous examples of naturally occurring microbial mat communities that trap and bind sediments (15, 20), few ecosystems are
conducive to the processes of lithification and fossilization (20,
52). The microbial mats that do undergo lithification produce
a variety of carbonate precipitates, the structures of which are
dependent on the microbial community composition, the predominant metabolic pathways, and the surrounding geochemical conditions (3, 21).
Microbialites are categorized by the extent of layering within
the community (20). Those microbialites with well-laminated,
lithified structures are known as stromatolites (31). Fossil evidence suggests that for over 3 billion years stromatolites were
ubiquitous on Earth (5, 29); however, modern analogues of
these ancient communities are found today only in a few remote locations around the globe (29). One such site is the
island of Highborne Cay, which is located along the west margins of Exuma Sound, Bahamas. The stromatolites of Exuma
Sound represent the only known example of actively accreting
stromatolites in normal marine salinity (17, 18, 48).
The stromatolites of Highborne Cay are composed primarily
of oolitic sand grains trapped and embedded in a biogenic
matrix of exopolymeric substances (EPS) (Fig. 1A). Over time,

* Corresponding author. Mailing address: Department of Microbiology and Cell Science, University of Florida, Space Life Sciences
Laboratory, Kennedy Space Center, FL 32899. Phone: (321) 861-2900.
Fax: (321) 861-2925. E-mail: jfoster@ufl.edu.
† Supplemental material for this article may be found at http://aem
.asm.org/.
䌤
Published ahead of print on 3 October 2008.
7410

VOL. 74, 2008

ARTIFICIAL LABORATORY MICROBIALITES

FIG. 1. Morphological overview of natural stromatolites and artificial
microbialites. (A) Section of a field-collected natural stromatolite from
Highborne Cay, Bahamas. (B) Cross section of a natural stromatolite.
(C) Side view of an artificial microbialite grown under laboratory conditions, showing the three primary layers, the biofilm layer (bio), the cyanobacterial layer (cy), and the crust layer (cr). (D) Cross section of an
artificial, laboratory-cultivated microbialite. (E) Autofluorescence of a
sample taken from the cyanobacterial layer, indicating extensive diversity
and colonization by cyanobacteria. (F) Light micrograph of ooids (o)
taken from the crust layer, showing extracellular calcium carbonate precipitation (cp).

mented yet with experimentally manipulable in vitro models.
There are numerous examples of cultivated cyanobacterial microbial mats from Antarctic lakes (10), hypersaline ecosystems
(1, 7, 28), and marine ecosystems (22–24); however, only a
single laboratory cultivated mat has been shown to undergo
lithification in vitro (25). In this mat system, carbonate deposition was not laminated and was examined using only microscopy (25). Although this previous study carefully elucidated
the general zonation of the major functional groups with the
artificial mats, it did not provide a molecular analysis of the
microbial diversity associated with the mat or site of carbonate
deposition.
In this study, we demonstrated that stromatolitic microbialite formation can be initiated under laboratory conditions,
generating layered microbial communities that are morphologically and functionally similar to the natural lithifying communities. We propose that artificial microbialites can ultimately
serve as experimental model systems for the development of
nascent stromatolite communities, thus elucidating biogenic
factors associated with the initiation of these dynamic microbial ecosystems.
MATERIALS AND METHODS
Sampling of natural stromatolites. Stromatolites were collected in July 2006
from the intertidal zone of Highborne Cay, Bahamas. Sections of type 2 stromatolites (i.e., carbonate-depositing microbial mats with a superficial micritic
crust) were excised (50 g) in triplicate from site 8 and stored in separate plastic
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containers containing natural seawater. Detailed descriptions of stromatolite
type and site designations have been given previously (49). The samples were
transported at room temperature to the Space Life Sciences Laboratory
(Kennedy Space Center, FL), where they were maintained in artificial seawater
aquaria until further processing. Additional core samples were taken from the
same stromatolites with a Harris Uni-Core (8 mm; Ted Pella, Redding, CA) and
stored at ⫺80°C in 1.5-ml microcentrifuge tubes containing 500 l of RNAlater
(Ambion, Austin, TX). Oolitic sand grains were also collected from site 8 and
stored in 1-gallon Ziploc bags until they were sterilized.
Artificial microbialite initiation and growth. Three stromatolite sections (50 g)
were homogenized and added to plastic dishes that contained sterilized ooids to
a depth of approximately 1 cm. The inoculated ooids were placed into 10-gallon
aquaria containing 1⫻ artificial seawater (Instant Ocean, Mentor, OH) and were
maintained at 30°C with 35‰ salinity, 400 ppm carbon dioxide, and 300 microeinsteins/m2/s of light using a cycle consisting of 12 h of light and 12 h of darkness
for 1.5 years. The tanks were aerated using a Whisper Air Pump 10 (Tetra,
Blacksburg, VA) and sterilized airstones. Microscopy was performed using an
Olympus (Center Valley, PA) SZX12 zoom stereo microscope and a Carl Zeiss
(Jena, Germany) Axioskope 40.
To examine the specific polymorph of calcium carbonate in the artificial
microbialites, X-ray diffraction (XRD) was used. After 1.5 years of growth and
development, carbonate precipitates were dissected from artificial microbialites
and natural stromatolites, dried, and ground with a sterile mortar and pestle. The
ground carbonates were analyzed with a Philips APD 3720 powder XRD in
Bragg-Brentano geometry at 2°Theta.
Extraction of DNA from artificial microbialites and natural stromatolites.
The artificial microbialites were separated on the basis of three distinct layer
types, the upper biofilm layer (thickness range, 2 to 5 mm), the middle cyanobacterial layer (range, 0.5 to 2 mm), and the bottom crust layer (range, 0.5 to 1 cm).
Ten slices of each layer weighing 75 to 85 mg each were then added to individual
2-ml cryotubes containing a sterile zirconia bead cocktail (0.2 g of 0.1-mm beads,
0.2 g of 0.7-mm beads, and 0.2 g of 2.4-mm beads; BioSpec Products, Inc.,
Bartlesville, OK). Natural stromatolite core samples were thawed to room temperature and washed three times in sterile water. Ten vertical slices weighing 75
to 85 mg each were added to individual 2-ml cryovials containing the bead
cocktail mentioned above. These samples were stored overnight at ⫺20°C to
assist in lysis of the cells. Total genomic DNA was extracted from the samples
using a modified xanthogenate DNA extraction procedure (28, 55). DNA concentrations were determined spectrophotometrically (NanoDrop 1000; Thermo
Fisher Scientific, Wilmington, DE).
ARISA. Due to the heterogeneity of the intergenic transcribed spacer (ITS)
region in prokaryotes, the automated rRNA intergenic spacer analysis (ARISA)
method enables rapid assessment of the microbial diversity within a targeted
community (26, 36, 62). Universal bacterial ARISA was performed for all samples using the general S-D-Bact-1522-b-S-20 and L-D-Bact-132-a-A-18 primers,
which amplify the region between position 1452 of the 16S rRNA gene and
position 115 of the 23S rRNA gene of Escherichia coli (13, 47). The 25-l PCR
mixtures contained (final concentrations) 1⫻ GoTaq colorless reaction buffer
(Promega, Madison, WI), 1.5 mM MgCl2, 160 M deoxynucleoside triphosphates, 100 g/ml bovine serum albumin, 400 nM of each primer, 15 ng of
genomic DNA, 2.5 U GoTaq Flexi DNA polymerase (Promega), and water.
Initially, the reaction mixtures were kept at 94°C for 3 min, and this was followed
by 30 cycles of amplification at 94°C for 1 min, at 55°C for 30 s, and at 72°C for
1 min and a final extension at 72°C for 7 min.
Each reaction mixture was loaded into chip wells that were prepared according
to the manufacturer’s recommendations (DNA 1000 LabChip kit; Agilent Technologies, Santa Clara, CA). Samples were analyzed using an Agilent 2100 bioanalyzer and the Agilent 2100 Expert software program. The Agilent software
determined peak sizes (in base pairs) and areas based on data for internal size
standards in each lane (15 and 1,500 bp) and an external ladder. To include the
maximum number of peaks while excluding background fluorescence, a threshold of 20 fluorescence units greater than the baseline was set manually. Peak
sizes were compared for all 40 samples; the values within ⫾5% were assumed to
be the same according to the kit instructions and were averaged to obtain the
peak sizes reported here.
To recover specific peaks of interest, five identical PCRs for each target
sample were performed as described above. Samples were pooled, and the
product was ethanol precipitated. Products were resuspended in 40 l of 1 mM
Tris-HCl (pH 8.5) and 8 l of 6⫻ DNA loading dye (10 mM Tris-HCl [pH 7.5],
50 mM EDTA [pH 8.0], 0.03% bromophenol blue, 15% Ficoll 400). Samples
were run on a 2.5% agarose gel, and bands that corresponded to peaks of interest
were excised and purified using a Qiagen gel extraction kit according to the
manufacturer’s protocol (Qiagen, Valencia, CA). Samples were then cloned into
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the vector pCR2.1 using an Original TA cloning kit according to the manufacturer’s instructions (Invitrogen, Carlsbad, CA). At least five positive clones of
each sample were selected and sequenced by the Sanger method with the T7
forward primer at the University of Florida Interdisciplinary Center for Biotechnology Research DNA Sequencing Core Facility.
Statistical analysis of ITS data and ITS clone libraries. Once the peak sizes
and significance were determined, the peak areas were imported into the Primer
6 software package (version 6.1.10) and normalized using the log(X ⫹ 1) pretreatment function. Samples were then analyzed using the Bray-Curtis similarity
method (8) and clustered in the complete linkage mode with the default parameters (5% significance; mean number of permutations, 1,000; number of simulations, 999) to generate a phylogenetic tree based on percent similarity. A
multidimensional scaling plot was then generated using the default parameters
with a minimum stress of 0.01 to generate a configuration plot based on percent
similarity.
Diversity indices were calculated from the nontreated peak areas to generate
the Margalef species richness value, the Shannon index, and Pielou’s evenness
value for the 34 artificial and natural microbialite samples that generated significant bands. The values for the representatives of each of the four samples types
were then averaged to generate the biofilm, cyanobacterial, crust, and natural
stromatolite diversity indices. The overall artificial microbialite index was generated by averaging the values for all the biofilm, cyanobacterial, and crust
samples. Sequences of the 16S-23S rRNA ITS region were analyzed to ascertain
their closest relatives by using the basic local assignment and search tool
(BLASTn) function of the GenBank database (National Center for Biotechnology Information) (2).
Generation and sequencing of 16S rRNA gene clone libraries. DNA from 10
replicates of the artificial microbialite layers and the natural stromatolites were
independently pooled. The 16S rRNA gene of each of the four pooled samples
(10 ng) was PCR amplified using universal bacterial primers 27f (AGAGTTTG
ATCCTGGCTCAG) and 1525r (TAAGGAGGTGATCCAGCC) (35). The
25-l PCR mixtures contained (final concentrations) 1⫻ GoTaq colorless reaction buffer, 1.5 mM MgCl2, 240 M deoxynucleoside triphosphates, 100 g/ml
bovine serum albumin, 400 nM of each primer, 2 U GoTaq Flexi DNA polymerase, and water. Initially, the reaction mixtures were kept at 94°C for 5 min,
and this was followed by 30 cycles of amplification at 94°C for 1 min, at 58°C for
1 min, and at 72°C for 2 min and a final extension at 72°C for 7 min. PCR
products were cloned as described above, and 597 products were picked for
sequencing.
Statistical analysis of 16S rRNA gene clone libraries. The partial 16S rRNA
gene sequences obtained in this study were aligned with known bacterial sequences using the Greengenes 16S rRNA NAST alignment tool (16). The
aligned sequences were then screened to identify chimeric sequences using the
Bellerophon tool on the Greengenes website (30) and the Chimera Detection
program at the Ribosomal Database Project website (14). Fifteen putative chimeric sequences were removed from the artificial microbialite and natural stromatolite clone libraries. The remaining 582 aligned 16S rRNA gene fragments
were classified using the Greengenes Automatic Taxonomic Classification tool.
A distance matrix was also constructed based on the aligned forward sequences (5⬘-to-3⬘ direction from the start of the 16S rRNA gene) using the
Greengenes Distance Matrix calculator. The distance matrix output of Greengenes was then used to generate rarefaction curves using the software package
DOTUR (51). The percent coverage of the libraries was determined using the
following equation: percent coverage ⫽ [1 ⫺ (n/N)] ⫻ 100, where n is the number
of single-coverage operational taxonomic units (OTUs) and N is the total number of sequences. All aligned 16S rRNA sequences (n ⫽ 582) were imported into
the Greengenes sequence database using the ARB software package with the
ARB parsimony option and a 50% maximum frequency bacterial filter (38).
Nucleotide sequence accession numbers. The ITS sequences have been deposited in the GenBank database under accession numbers EU917446 to
EU917539, and the 16S rRNA sequences have been deposited in the GenBank
database under accession numbers EU917540 to EU918121.

RESULTS
Cultivation and morphology of artificial microbialites. Inoculation of sterile oolitic sand grains with homogenized fieldcollected stromatolite material resulted in the formation of
multilayer microbialite communities. Distinctive layers within
the community were visible after 2 months. After 1.5 years of
incubation in artificial light and seawater conditions, the mi-
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crobialites had three pronounced layers (Fig. 1C and D). The
uppermost layer of the microbialites consisted of a thick biofilm (range, 2 to 5 mm) of coccoid and rod-shaped bacteria
attached to filamentous cyanobacterial sheaths encased in a
matrix of EPS. In the absence of periodic burial with sterile
ooids, the biofilm layer accreted until it was over 1 cm thick.
Underneath the EPS-rich biofilm was a layer of cyanobacteria
associated with a loose aggregation of ooids that did not form
a calcium carbonate crust. The cyanobacterial layer (range, 0.5
to 2 mm in depth) consisted of three morphotypes: filamentous, coccoid, and pseudofilamentous morphotypes (Fig. 1E).
The deepest layer of the cultivated microbialites, between 0.5
mm and 1 cm, was composed of a lithified crust layer of oolitic
sand grains fused by extracellular calcium carbonate precipitation (Fig. 1F). The composition of calcium carbonates dissected from the artificial microbialite crust layer was compared
to the composition of calcium carbonates found in natural
stromatolites using XRD analyses. The XRD results suggested
that the calcium carbonates in the artificial and natural communities were highly similar and comprised predominately of
the polymorph aragonite (Fig. 2). Sterilized sand grains that
were maintained axenically under similar artificial growth
conditions did not form any lithified organosedimentary structures.
Community diversity profiles of artificial and natural microbialites using ARISA. The three layers of the artificial microbialites (biofilm, cyanobacterial, and crust layers) were
compared to the layers of the intact natural stromatolites using
ARISA. The layers of the natural stromatolites were not horizontally sectioned due to the extensive lithification of the
microbial mat lamina. Amplification of the ITS region between
the 16S and 23S rRNA genes generated 21 significant peaks for
the four communities analyzed. The ARISA profiles of the
samples, including the number of peaks, the peak size, and the
peak area, are shown in Table 1. Overall, there was a 67%
overlap in community ITS patterns between the combined
artificial microbialites (i.e., the biofilm, cyanobacterial, and
crust layers) and the natural stromatolites.
The ARISA profiles shown in Table 1 were used to generate
a phylogenetic tree based on percent similarity, as calculated
by the Bray-Curtis measure (Fig. 3A). The percent similarities
for the ITS profiles of all four communities are shown in a
multidimensional scaling plot in Fig. 3B. The highest level of
similarity was the level of similarity between the artificial microbialite crust and cyanobacterial layers, in which 40 to 50%
of the ITS profiles overlapped. The ARISA profiles of the
natural stromatolites were clustered in two distinct populations; one group was more closely related to the cyanobacterial
and crust layers (20 to 40%), and the other group was more
closely related to the biofilm layer (20%). Higher levels of
similarity were detected when individual samples were compared (Fig. 3B). For example, a subset of the crust sample
(sample Cr4) shared 60% of the ITS banding profile between
the natural stromatolite samples (samples S7 and S8). One
biofilm sample (sample B5) was highly divergent, and its
ARISA profile was less than 10% similar to the ARISA profiles of the other communities.
Diversity indices were also calculated from the ARISA profiles (Table 2). The species diversity was slightly higher in the
artificial microbialites (Margalef species richness, 0.771) than
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FIG. 2. XRD analyses of biologically precipitated calcium carbonate derived from artificial microbialite and natural stromatolite samples. The
calcium carbonate signatures for the artificial microbialite crust layer and natural stromatolites were highly similar and were comprised predominately of the polymorph aragonite (A). Analysis revealed there was slightly less calcite (C) in the artificial samples than in the natural stromatolites.

areas and presence in the four sample types. The 706-bp band
was present only in the artificial microbialite layer samples
(biofilm, cyanobacterial, and crust samples). The 752-bp band
was present in all samples, whereas the 899-bp band was
present only in the cyanobacterial, crust, and natural stromatolite samples. At least five clones of each band for each sample
type were sequenced (ⱖ25 clones for each band) and assigned a
putative name based on the top BLAST hits for the ITS region’s
sequences (see Table S1 in the supplemental material).

in the natural stromatolites (Margalef species richness, 0.698).
The Shannon index values for the artificial microbialites and
natural stromatolites were almost identical. When the diversity
indices of the individual layers were compared, the species
richness and Shannon index values were lowest for the biofilm
layer, whereas the crust layer had the highest diversity of the
artificial microbialite layers (Table 2).
Three ARISA bands (at 706, 752, and 899 bp) were chosen
for further sequencing analysis based on the pronounced peak

TABLE 1. Comparison of ARISA profiles of artificial microbialites and natural stromatolitesa
Biofilm layer
Peak size
(bp)

370
397
465
498
542
557
587
616
634
647
662
682
706e
752e
796
839
899e
982
1,037
1,171
1,256
a

Cyanobacterial layer

No. of samples
containing
peakb

Mean peak
area

2

12.8

1

32.9

1

30.5

6

55.0

3
5
5

24.2
92.3
119.4

1
1
1

19.5
15.0
32.1

No. of samples
containing
peakc

Mean peak
area

4

Crust layer
No. of samples
containing
peakd

No. of samples
containing
peakd

Mean peak
area

34.9

2

29.8

2
2

44.1
18.8

5

65.9

2

36.9

1
8
8

22.5
98.3
124.4

2
8
6

32.2
37.4
49.2

6

52.7

1
5
5
8
3

16.1
51.1
37.7
443.7
238.9

28.4
44.6
131.1
30.2

98.3
296.5

50.8
48.5
45.7
119.8
211.8
80.1
311.0
119.9

1
4
6
1

1
8

5
5
5
9
9
1
1
9

6
7
3
7
2

101.0
98.4
129.3
140.6
65.6

1

28.2

1

30.3

The significant peaks were the peaks for which the values were above the 20-fluorescence unit threshold.
Six different samples were examined.
Eight different samples were examined.
d
Ten different samples were examined.
e
Band sizes selected for sequencing and analysis.
b
c

Natural stromatolites

Mean peak
area
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FIG. 3. Cluster analysis of the ARISA profiles for the artificial microbialite and natural stromatolite samples described in Table 1. Abbreviations: B, biofilm layer of the artificial microbialites; Cy, cyanobacterial layer of the artificial microbialites; Cr, crust layer of the artificial
microbialites; S, natural stromatolite samples. (A) Phylogenetic tree based on the percent similarity of the ARISA profiles of the samples.
(B) Multidimensional scaling plot of the ITS profiles for the artificial microbialite and natural stromatolite samples. The colors of the circles
indicate the percentages of similarity for populations (black, 20%; blue, 40%; green, 60%; red, 80%).

The BLAST analyses of most of the ITS regions produced
novel results, and the data exhibited less than 90% identity to
data in the current ITS database (see Table S1 in the supplemental material). For the artificial microbialites, 32% of the
clones recovered from the 706-bp band were similar to the
genus Rhodobacter (82% sequence identity). The highest levels
of similarity to known organisms for the 706-bp clones isolated
from the crust layer were the levels of similarity to members of
the order Thiotrichales (96 to 97%), which are known to be
involved in the sulfur cycles in marine sediments (4, 32). In the
cyanobacterial layer, the highest levels of similarity to known
organisms for the ITS clones were the levels of similarity to the
genus Mesorhizobium (97%), an uncultured bacterium isolated

TABLE 2. Univariate diversity indices for ITS regions of artificial
microbialites and natural stromatolites
Sample

Margalef species
richness

Pielou’s evenness
value

Shannon
index

Biofilm layer
Cyanobacterial layer
Crust layer
Artificial microbialitesa
Natural stromatolites

0.598
0.863
0.801
0.771
0.698

0.898
0.793
0.868
0.851
0.931

1.24
1.52
1.56
1.46
1.48

a
The values are cumulative averages for all biofilm, cyanobacterial, and crust
samples.

from a chloroethane superfund site (98%), and the San Pedro
Ocean Time series (100%). For the 752-bp band, 45% of the
recovered clones were similar to Sinorhizobium sp. (80 to
86%). These “Sinorhizobium-like” clones were found in all
three of the artificial microbialite layers and the natural fieldcollected stromatolites. Finally, for the 899-bp ITS band, 43%
of the clones were similar to the order Rhizobiales, but the level
of sequence identity was only 77 to 87%. The highest level of
sequence similarity for the 899-bp crust and cyanobacterial
layer samples was the level of sequence similarity to an uncultured marine bacterium belonging to the San Pedro Ocean
Time series (100%), although 10% of the sequenced clones
were highly similar (97%) to the alkaliphilic organism Bacillus
halodurans.
Bacterial diversity of artificial and natural microbialites as
determined using 16S rRNA gene analysis. To complement the
ARISA community profiles, the bacterial diversity of each artificial microbialite layer was analyzed using 16S rRNA gene
analysis and compared to that of the natural field-collected
stromatolites (Fig. 4). Most of the major phyla detected in the
three artificial microbialite layers were also found in the natural stromatolites. The one exception was the phylum Verrucomicrobia, which was detected only in the artificial microbialites. Differences in the major phyla between the three artificial
microbialite layers were also observed. In the biofilm layer
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FIG. 4. Diversity of artificial microbialites and natural stromatolites. The graphs show the numbers of OTUs recovered per phylum and the
associated DNAML values (black bars, ⬎0.9; open bars, 0.80 to 0.89; light gray bars, 0.7 to 0.79; dark gray bars, ⬍ 0.70). The classifications of OTUs
are the classifications for (A) the biofilm layer, (B) the cyanobacterial layer, (C) the crust layer, and (D) natural stromatolite samples.

(Fig. 4A), the dominant phylum was the Proteobacteria, specifically the class Alphaproteobacteria (57%). This class accounted
for five times more OTUs (97% identity level) in the biofilm
layer than any other class or phylum. Clones with sequence
similarity to the Spirochaetes were found only in the biofilm
layer of the artificial microbialites. The community in the cyanobacterial layer (Fig. 4B) was more diverse than the communities in the other layers, and it included sequences representing the Alphaproteobacteria (19%), Cyanobacteria (19%),
Planctomycetacia (16%), Chloroflexi (16%), Firmicutes (11%),
and Actinobacteria (8%). In the crust layer (Fig. 4C), the phyla
represented were similar to those in the cyanobacterial layer in
that the highest numbers of OTUs detected belonged to the
phyla Alphaproteobacteria (20%) and Cyanobacteria (18%).
The phyla Planctomycetes (8%), Chloroflexi (6%), and Firmicutes (10%) were also detected in the crust layer.
As in the artificial microbialites, the dominant phyla in the
natural stromatolites were the Alphaproteobacteria (20%) and
Cyanobacteria (19%) (Fig. 4D). There were higher numbers of
Delta-, Beta- and Gammaproteobacteria (5, 16, and 9%, respectively) in the natural stromatolites than in the artificial microbialites; however, the numbers of members of the phyla Planctomycetes (8%), Chloroflexi (6%), and Firmicutes (10%) were
comparable to the numbers in the cyanobacterial and crust
layers. Also detected in the natural stromatolites were clones
representative of the Acidobacteria (0.6%), which were found
only in the lithified crust layer of the artificial microbialites.
DNA maximum likelihood (DNAML) analysis of the four
communities revealed the highest levels of sequence novelty in
the Chloroflexi, Planctomycetacia, Firmicutes, and Actinobacteria, and the DNAML values were less than 0.89 (Fig. 4). The
phyla with the highest DNAML values (⬎0.90) were the Alphaproteobacteria and Cyanobacteria.
The 16S rRNA genes recovered from the artificial microbialite layers and natural stromatolites (n ⫽ 582) were inserted

into a bacterial 16S rRNA gene tree containing over 130,000
sequences. The nearest neighbor or isolate for each of the 16S
rRNA genes identified in this study was retained in the tree,
and all other sequences were removed. The resulting phylogenetic tree (Fig. 5) was consolidated into 66 clusters containing
at least two artificial microbialite or natural stromatolite sequences representing 18 different phyla. Many of the recovered
16S rRNA genes were closely related to genes recovered from
other microbial mat habitats. For example, clusters 57 to 60
and clusters 62 and 63 contained 98 Chloroflexi sequences that
were highly similar to sequences found in the microbial mat
communities of Guerrero Negro and Lake Vida, Antarctica.
The phyla Bacteroidetes (cluster 36), Cyanobacteria (cluster 42),
Planctomycetes (clusters 39 and 41), Proteobacteria (clusters
10, 13, and 27), and WS6 (cluster 66) also shared sequence
similarity with organisms derived from microbial mat habitats (Fig. 5).
Sequence overlap between artificial microbialites and natural stromatolites. The phylogenetic tree also revealed the extent of 16S rRNA sequence similarity between the artificial
microbialites and natural stromatolites. The data for each cluster indicate the number of sequences from each of the artificial
microbialite layers and natural stromatolites (Fig. 5). More
than one-third of the clusters (n ⫽ 25) contained sequences
from both artificial microbialites and natural stromatolites
(Fig. 5). One-third of the recovered sequences (n ⫽ 28) clustered in groups containing only artificial microbialite sequences, and the remaining clusters (n ⫽ 13) were found only
in the natural stromatolites.
The recovered 16S rRNA sequences, however, reflect only a
portion of the true bacterial diversity within the microbialite
communities. None of the four samples examined in this study
were sequenced to community saturation. The percent coverage values revealed that 71% of the artificial microbialite community ecotypes and 60% of the natural stromatolite commu-
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nity ecotypes were sequenced. For the artificial microbialites,
there was 59% coverage for the biofilm, 57% coverage for the
cyanobacterial layer, and 59% coverage for the crust layer.
Rarefaction curves were based on distance matrices for the 16S
rRNA sequences in the forward direction and were determined at the 97% confidence level (data not shown).
The levels of overlap between the natural and artificial systems were comparable to the results obtained in the ITS analysis. Comparison of the ITS and 16S rRNA libraries generated
in this study revealed that 47% of all of the nearest neighbors
of the ITS sequences were similar to the 16S rRNA nearest
neighbors at the family or genus level. At the order level, the
level of similarity was 60%; at the class level, 84% of the
sequences were comparable; and at the phylum level, 87% of
the sequences were similar. In the ITS libraries, there were six
unknown Eubacteria and six sequences representing two phyla
(Nitrospirae and Thermotogae) that had no counterparts in the
16S rRNA library.
DISCUSSION
The results of this study provide evidence that (i) lithifying
microbialite communities can be cultivated under artificial
growth conditions, (ii) artificial microbialites precipitate carbonate structures similar to the polymorphs found in natural
stromatolites, (iii) natural Bahamian stromatolites harbor a
diverse bacterial community dominated by Proteobacteria and
Cyanobacteria, and (iv) artificial microbialites inoculated using
natural communities retain much of the natural microbial diversity.
Formation of artificial microbialites. The overall macroscopic and microscopic characteristics of the artificially cultivated microbialites were comparable to those of the natural
Bahamian stromatolites. Although morphologically less complex than the natural stromatolite communities, the laboratorygrown communities generated layered microbialites in which
there was carbonate deposition. Under our experimental
growth conditions, the artificial microbialites had three distinct
layers, a biofilm layer, a cyanobacterial layer, and a crust layer.
Although lithified laminae were present in this artificial system, we designated the laboratory system a microbialite and
not a stromatolite due to the lack of repetitive layering due to
carbonate precipitation. The lack of the multiple laminae normally found in the natural stromatolites may have been due to
the lack of long-term burial of the microbial mats. The stromatolites of Exuma Sound, Bahamas, are subjected to a highenergy environment in the intertidal and subtidal zones. The
turbulent wave action deposits exogenous sand particles for the
microbial mat to trap and bind (3). The Bahamian stromatolites can undergo daily, weekly, or annual burial events (17,
50). After these lengthy burial events, the cyanobacteria dom-
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inating these stromatolites are able to reactivate photosystem
II upon exposure to oxygen and light (33, 43). The eukaryotic
algae detected in the surface layers of the stromatolites do not
photosynthetically recover from extended burial events as well
as the cyanobacteria (43). We suspect that if the artificial
system were subjected to repetitive long-term burial events,
additional lithified laminae would develop. Despite this caveat,
our artificial microbialite model indicates that the carbonate
deposition and accretion of the stromatolites are not dependent exclusively on burial of the mats.
The carbonate deposition that occurred in the crust layer of
the artificial microbialites was similar to that found in the
natural stromatolites. As in the natural system, the predominant polymorph of calcium carbonate in the artificial microbialites was aragonite. Extracellular biomineralization of calcium carbonates cemented the oolitic sand grains several
millimeters beneath the microbialite surface. In the natural
system, one mechanism by which ooids fuse is through the
microboring and micritization of sand grains by cyanobacterial
endoliths (39, 49). However, 16S rRNA gene analysis of the
artificial microbialites did not identify any clones belonging to
the cyanobacterial order Pleurocapsa (Fig. 5), which is known
to contain endolithic ecotypes. Although bias in PCR amplification or DNA extraction may have precluded detection of
Pleurocapsa in the artificial microbialites, the results may suggest that additional mechanisms for the formation of extracellular carbonate structures are needed to complement the endolith microboring and micritization that occur in natural
stromatolites. The mechanisms for aragonite precipitation do
appear to be biogenic, however, as axenic sand grains incubated under similar light/dark and seawater conditions exhibited no biomineralization after 1.5 years.
Natural stromatolite diversity. To compare the changes in
microbial diversity in the artificial and natural systems, the
natural stromatolites were examined by performing a molecular phylogenetic analysis of the 16S rRNA gene. Eighteen
different phyla were detected in the natural samples of type 2
stromatolites, and the Proteobacteria (51%) and the Cyanobacteria (18%) were the phyla with the highest numbers of recovered sequences. Firmicutes (11%), Planctomycetes (8%), and
Chloroflexi (6%) were also detected in the natural community.
Several biogeochemical analyses have indicated that five key
functional groups are present in the Bahamian stromatolites
(6, 20, 58, 59). Sequences recovered from the natural stromatolites corroborate the identification of bacteria known to exhibit the metabolism of these key groups, including photoautotrophs (e.g., clusters 50 to 54), sulfate-reducing bacteria (e.g.,
cluster 33), sulfide-oxidizing bacteria (e.g., cluster 25), fermentative bacteria (e.g., cluster 64), and aerobic heterotrophs (e.g.,
cluster 1). These results are comparable to the results for

FIG. 5. Phylogenetic tree of the 582 partial 16S rRNA gene sequences from the artificial and natural microbialite samples. The sequences
(length, ⬃800 bp) were inserted into the Greengenes 16S rRNA gene tree using the ARB software package, and clusters were defined for the
artificial and natural microbialite samples (clusters 1 to 66). For each cluster, the number of sequences (seqs) and the sample type (B, biofilm layer
of the artificial microbialites; Cy, cyanobacterial layer of the artificial microbialites; Cr, crust layer of the artificial microbialites; S, natural
stromatolite samples) are indicated in brackets. Samples located outside a cluster are designated by using the sample type (biofilm [Biofilm],
cyanobacterial [Cyano], crust [Crust], or stromatolite [Strom]) and an alphanumeric clone designation. Stars indicate the clusters for which there
was overlap between the artificial microbialite and natural stromatolite clone libraries. Scale bar ⫽ 0.1 substitution per nucleotide position.

VOL. 74, 2008

sequences recovered from Shark Bay, Australia, the only other
known site where there are accreting marine stromatolites (12,
42), suggesting the possibility that there is a common microbial
community structure in modern stromatolites.
Comparison of artificial and natural communities. To compare the overall microbial complexity of the intact natural
stromatolites and that of the individual layers of the artificial
microbialites, ARISA profiles of the ITS region were used in
conjunction with 16S rRNA gene analyses. Although ARISA
may underestimate the overall community diversity due to the
heterogeneity of the ITS region, coupling ARISA with ribosomal gene clone libraries has proven to be an effective means
for comparing different community types and for targeting the
spatial organization of specific groups of interest (9, 26, 62). In
the artificial microbialites, there was extensive overlap with the
natural stromatolite communities after 1.5 years of cultivation.
More than one-half of the ARISA peaks (n ⫽ 12) were conserved in the artificial microbialites and natural stromatolites,
whereas only two of the peaks were unique to the natural
stromatolites and seven peaks were detected only for the artificial microbialites. The larger number of peaks for the artificial microbialites may reflect the enrichment of microorganisms whose abundance is low in the natural habitat due to
environmental conditions, such as high-energy wave action,
long-term burial in sand, or the presence of UV radiation,
none of which was present in the artificial growth conditions.
Such enrichments are not uncommon in artificial microbial
mat systems. In cultivated cyanobacterial mats from Antarctica, novel morphotypes and phylotypes were detected in an
artificial cyanobacterial mat after 8.5 months of cultivation
(54).
ARISA profiling also revealed the extent of community similarity for the natural stromatolites and the three individual
artificial microbialite layers. ARISA profiling revealed two distinct natural stromatolite populations; the profile one of these
populations exhibited 40% similarity with the profile of the
artificial crust layer (Fig. 3B), whereas the other exhibited low
sequence similarity (20%) to the artificial biofilm layer. The
differences in these two natural populations may reflect a microcommunity of organisms in the stromatolites that was not
culturable under laboratory conditions or was not included in
the original inoculum used for the artificial microbialites.
These results may also reflect the efficiency of vertical cross
sectioning of the natural stromatolites.
The three bands in the ARISA profiles (706-, 752-, and
899-bp bands) chosen for sequencing analysis due to their
relatively large peak areas and abundance in the artificial
and natural microbialites were dominated by Alphaproteobacteria, specifically the orders Rhizobiales and
Rhodobacteriales. The sequence similarity to the ITS regions
was low for most of the recovered clones, and this may
suggest that there are novel organisms in the microbialite
community; however, it may also reflect the small size of the
Ribosomal Intergenic Spacer Sequence Collection database
to which the ITS sequences were compared. Despite this
limitation, the prevalence of diazotrophic Rhizobiales and
Rhodobacteriales in the artificial microbialites is consistent
with previous analyses of nitrogen fixation in Bahamian stromatolites (53) and in Hamelin Pool of Shark Bay, Australia
(42). Previous research has shown that noncyanobacterial
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nitrogen fixation may be important in mats whose cyanobacterial population tends to contain mostly nonheterocystous
cyanobacteria (37, 46, 60, 61), such as cyanobacteria with
the sequences recovered in the Highborne Cay stromatolites.
Although the Alphaproteobacteria sequences dominated
all of the communities examined, clone libraries generated
for the 16S rRNA gene revealed spatial differences in the
sequences recovered from each of the artificial microbialite
layers. The biofilm layer consisted predominately of Alphaproteobacteria, but it had the highest number of recovered
sequences of purple nonsulfur phototrophs and the only
Spirochaetes sequence detected in the artificial microbialites. The sequences obtained from the clone libraries generated from the cyanobacterial and crust layers exhibited
higher levels of similarity to the sequences obtained from
the natural stromatolites, and novel sequences from the
phyla Actinobacteria, Chloroflexi, Firmicutes, and Planctomycetes were recovered. In the crust layer, most of the recovered sequence diversity was similar to that of the cyanobacterial layer; however, sequences associated with the
Acidobacteria and the Gammaproteobacteria order Thiotricales were found only in the crust layer. While these communities were not sequenced to completion, the differences
in spatial organization within the artificial microbialites may
provide insight into the metabolic processes associated with
the development of the natural stromatolite ecosystem. Although Thiotricales sequences were recovered only from the
crust layer, other sulfide-oxidizing bacteria were found
throughout the artificial microbialites (e.g., Chromatiales).
Previous studies have found biological sulfide oxidation at
multiple depths in Highborne Cay stromatolites (58).
Although there have been previous successful attempts to
model simulated stromatolite communities in silico (19) and
to examine the calcification potential of artificial cyanobacterial mats (34), there have been few examples of microbialites actively formed in culture. The artificial microbialite
model developed in this study should provide a unique opportunity to experimentally manipulate communities in vitro
and to examine the genetic processes associated with stromatolite accretion and growth. For example, the crust community was the only layer within the artificial microbialites
in which there was carbonate deposition. The presence of
crust-specific organisms, such as the alkaliphilic organism B.
halodurans, may provide insight into the microbial communities specific to the biomineralization process. Although
this study examined microbialites cultivated for 1.5 years,
the observation that distinct layering started at 2 months
suggests that the progression of microbialite development
can be closely monitored or experimentally manipulated in
the lab. Taken together, the results described here indicate
that the artificial microbialite model provides a unique experimental platform for future studies of the mechanisms
associated with the initiation and development of stromatolite ecosystems.
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